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Marine algae of the genusNannochloropsis are promising producers of biofuel precursors and nutraceuticals and are also har-
vested commercially for aquaculture feed. We have used quick-freeze, deep-etch electronmicroscopy, Fourier transform infra-
red spectroscopy, and carbohydrate analyses to characterize the architecture of theNannochloropsis gaditana (strain CCMP
526) cell wall, whose recalcitrance presents a significant barrier to biocommodity extraction. The data indicate a bilayer struc-
ture consisting of a cellulosic inner wall (75% of the mass balance) protected by an outer hydrophobic algaenan layer. Cellulase
treatment of walls purified after cell lysis generates highly enriched algaenan preparations without using the harsh chemical
treatments typically used in algaenan isolation and characterization.Nannochloropsis algaenan was determined to comprise
long, straight-chain, saturated aliphatics with ether cross-links, which closely resembles the cutan of vascular plants. Chemical
identification of>85% of the isolated cell wall mass is detailed, and genome analysis is used to identify candidate biosynthetic
enzymes.
The genus Nannochloropsis comprises at least six photoau-totrophic algal species in the Eustigmatophyceae stramenopile
lineage that are found in fresh, brackish, and ocean waters (1).
Nannochloropsis cells reproduce asexually, dividing to yield two
daughter cells that then shed their mother cell wall (2, 3). Several
Nannochloropsis species have been studied as candidate produc-
tion strains in large-scale biofuel facilities because of their hardy
outdoor growth profiles and high lipid yields (4–9). They are also
producers of valuable pigments (10) andnutritive oils (11, 12) and
are commonly used as an aquaculture feed (13).
Algae are frequently grown in large outdoor ponds until being
harvested, dewatered, and extracted for biocommodities. The ef-
ficacy of each of these steps—growth, harvesting, dewatering, and
extraction—depends upon the composition and architecture of
the cell wall. The wall creates a buffer between the external envi-
ronment and the living protoplast, protecting the cell from en-
vironmental pressures. The outer surface of the wall interacts
with flocculants (14), and its rigidity helps determine the vis-
coelastic parameters that characterize algal slurry bulk flow
(15). Finally, the cell wall erects mass transfer barriers against
dewatering and extraction and may itself contain extractable
commodities (16, 17).
Despite the importance of algal cell wall properties in biotech-
nological applications, little structural information is available for
themajority of species. TheChlamydomonas reinhardtii cell wall is
the most extensively characterized and appears to be constructed
entirely from a suite of hydroxyproline-rich glycoproteins ar-
ranged in six distinct layers (18–20). However, algal cell walls dis-
play great diversity, varying in molecular components, intra- and
intermolecular linkages, and overall structure (21). Wall constit-
uents may include carbohydrates (22), proteins (23, 24), lipids
(25, 26), carotenoids (27), tannins (28), and even lignin (29, 30).
Much remains to be learned regarding how these constituents
cross-link into the networks that form discrete layers around the
cell and how they reconfigure in response to physiological and
environmental cues.
Among the most extensively studied polymers of the algal cell
wall are polysaccharides. These include cellulose (31), chitin-/chi-
tosan-like molecules (32), hemicelluloses (33), pectins (34), fu-
cans (35), alginates (24), ulvans (36), carrageenans (37), and li-
chenins (38). The polysaccharides in marine algae are frequently
sulfated (22).
The composition and architecture ofNannochloropsis cell walls
have been assessed in several studies. Brown reported that the
polysaccharides ofNannochloropsis oculata contained68% glu-
cose along with about 4 to 8% each rhamnose, mannose, ribose,
xylose, fucose, and galactose (39). Recently, Vieler et al. character-
ized the neutral carbohydrates in the alcohol-insoluble residue
(AIR) of Nannochloropsis oceanica (strain CCMP 1779) cell ex-
tracts (40). This residue, enriched for cell wall material, was
hydrolyzed with trifluoroacetic acid (TFA) followed by Saeman
hydrolysis. The authors observed that9% of the AIR was carbo-
hydrate, 90% of which was glucose, 3% mannose, and the rest
traces of rhamnose, fucose, arabinose, xylose, and galactose.
Treatment of the residue with endoglucanase II (EGII), a hydro-
lyzing enzyme specific for -1,4-linked glucans, liberated 85% of
the glucose, while laminarinase, an enzyme that hydrolyzes-1,3-
glucans, liberated 20%. Bioinformatic analysis of the CCMP 1779
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genome yielded two proteins annotated as cellulose synthases,
similar to those found in cyanobacteria, and nine proteins that the
authors describe as highly similar to plant endoglucanases.
Nannochloropsis cell walls also contain algaenans, a term that
likely encompasses several lipid-related species (41, 42). Algaen-
ans are highly resistant to alkali/acid hydrolysis and aqueous/or-
ganic solubilization, and their biochemical characterization has
been considered tentative since isolation procedures may have
induced chemical alterations (43, 44). Published studies indicate
thatNannochloropsis algaenan comprises long-chain aliphatic hy-
drocarbons that are subject to ether cross-linking reactions (41), a
description that also applies to the cutan of several species of
drought-resistant plants (45). The biosynthetic pathways that
produce algaenans and cutans are not presently known.
In this study, 86% of the isolated cell wall material of N.
gaditanahas beenpositively identified. Anewmethod for isolating
Nannochloropsis algaenans was developed, allowing an analysis of
native algaenan structure, and this material was characterized by
attenuated total reflectance Fourier transform infrared spectros-
copy (ATR-FTIR). Furthermore, quick-freeze, deep-etch electron
microscopy (QFDE-EM) was used to visualize native and isolated
wall components.
MATERIALS AND METHODS
Cell culture. Nannochloropsis strain CCMP 526 was from the National
Center for Marine Algae and Microbiota (formerly CCMP). CCMP 526
was grown at 23°C in f/2 medium (125) with 1.0 g/liter nitrate in a 2-foot
by 2-foot flat-panel photobioreactor with a 40-mmwidth (14-liter capac-
ity). One percent CO2 was bubbled through the cultures, and 70 mol
m2 s1 of photosynthetically active radiation (PAR) from cool white
fluorescent light illuminated one side. The initial cell density was 4 107
cells per ml, and cells were harvested on day 8, duringmid-linear phase (4
g/liter). For comparative purposes, CCMP 526 was also grown semicon-
tinuously at 23°C in Roux flasks in Tris-buffered (pH 7.9) artificial
seawater (ASW [0.125 M NaCl, 7 mM KNO3, 0.44 mM KH2PO4, 0.24
mMNaHCO3, 0.018 mM FeCl3·6H2O, 0.049 mMMnCl2·4H2O, 1.7 mM
CaCl2·2H2O, 13.4 mM MgSO4·7H2O, 13.8 mM MgCl2·6H2O, 0.1 mM
Na2EDTA, 0.42 M CoCl2·6H2O, 0.14 M Na2MoO4·2H2O, 0.89 M
ZnSO4·7H2O, 0.4 MCuSO4·5H2O]). These cultures were bubbled with
supplemental CO2 (1%) in air; 600 mol m
2 s1 of 680-nm light was
provided by an LED light bank on one side and 150 mol m2 s1 PAR
from cool white fluorescent light was supplied to the other side. Cells
grown under the conditions outlined above have been designated “f/2
preparations” or “ASW preparations” throughout the text.
Preparation of cell walls. Cells pellets were harvested by centrifuga-
tion at 4,000 g for 10 min. Shed cell walls, derived from wall shedding
during cell division and from dead cells, formed a red-orange layer on top
of the green cell pellet and were carefully removed by pipette. The green
whole-cell pellet was resuspended in 50ml of deionizedwater (dH2O) and
repelleted a total of 3 times to remove traces of medium.
Whole cells were then lyophilized and resuspended to10% solids in
dH2O. To every 5 ml of suspended solids, 15 l of protease inhibitor
cocktail (product number P9599; Sigma, St. Louis, MO) and 1l of 2,000
U/ml DNase I (NEB, Ipswich,MA) were added. Cells were drawn into the
30-ml chamber of a French press pressure cell (Thermo, Waltham, MA).
Seven passes through the French press at a working pressure of 18,000
lb/in2 were required for nearly complete cell lysis, although a small per-
centage of the cells (5%) remained intact even after 7 passages. After
every 2 passages, cells were centrifuged at 10,000 g for 20min to separate
the soluble lysate, which was discarded, from residual cells and cell walls.
The latter were resuspended in dH2O as before, the DNase and protease
inhibitor cocktail were replenished, and the next passages were per-
formed. Cell walls were separated from residual whole cells by multiple
centrifugations at 5,000 g, each time removing the walls from the green
pellet at the bottom of the tube until no green pellet was observed. The
walls isolated in this manner are referred to hereinafter as “pressed” cell
walls.
Pressed cell walls were separated from residual debris and shed cell
walls by layering them upon sucrose gradients of 20, 30, 40, and 60% and
centrifuging for 30 to 60 min at 10,000  g. Shed cell walls and other
debris typically remain in the upper strata and were separated from
pressed cell walls, which migrated to the bottom of the tube, stuck to the
side of the tube, or floated in the 60% sucrose layer. Pressed walls were
then washed three times by resuspending the pellet in 50 ml of water and
centrifuging as before. After the final wash, the recovered walls were ly-
ophilized.
Every 20mg of lyophilized cell walls was extracted successively with 10
ml of 80% ethanol, n-hexane–acetone (1:1, vol/vol), and n-hexane for 15
min in a sonicating water bath (model number 91957; Harbor Freight
Tools, Calabasas, CA) to remove any loosely associated proteins, lipids,
carotenoids, and other soluble matter. Additional washes with n-hexane
were performed until the color of the residual material was white or off-
white. The organic supernatants from these washes were collected into a
preweighed glass beaker and evaporated. The dry residue was weighed.
Light microscopy visualizations after these extractions were used to verify
that the insoluble material remaining after extraction was morphologi-
cally consistent with purified cell walls. The extracted cell walls were ly-
ophilized in preweighed glass vials and weighed. In the sections that fol-
low, “isolated” or “pressed” cell walls refers towalls purified and subjected
to organic extraction as described above.
Enzymatic degradation of walls. For enzymatic digestions of isolated
cell walls, approximately 10 mg of walls were used in each 1-ml digestion
mixture. Cellulase (product number C0615 [cellulase 1]), chitinase
(product number C8241), chitosanase (product number C9830, 25.9
U/ml), lysozyme (product number L6876), lyticase (product number
L4025), protease 2 (product number P5147), and sulfatase (product num-
ber S1629, 3.37 mg/ml) were purchased from Sigma, while cellulase Ono-
zuka R10 (catalog number 16419.02 [cellulase 2]) was purchased from
Serva (Heidelberg, Germany). Stock concentrations of enzymes were 20
mg/ml unless otherwise noted, and enzymes were dissolved in 20 mM
sodium phosphate buffer (pH 7) for all digestions. Triplicate samples
were digested at room temperature for 24 h on a shaker table. The final
enzyme concentrations were 1 mg/ml, and 50 g/ml of ampicillin was
added to each reactionmixture. For one set of controls, enzymeswere heat
denatured for at least 10 min at 100°C before being added to the cell wall
suspensions. As a second set of controls, active enzymes were incubated in
reactionmixtureswithout cell walls. After digestion, the reactionmixtures
were centrifuged at 10,000 g for 5min. Supernatants were collected, and
residual material was washed twice by resuspension in 1 ml of dH2O,
followed by centrifugation and supernatant removal. The residual mate-
rial was then lyophilized and weighed.
Acid hydrolysis of cell walls. Cell walls isolated from f/2 medium-
grown cells were digested in 72% sulfuric acid as described in an analysis
protocol from the National Renewable Energy Laboratory (46).
Characterization of monosaccharides. Supernatants from enzyme
digests were assayed for released carbohydrates. For each sample, 490l of
supernatant was saved for direct analysis by high-performance anion-
exchange chromatography (ion chromatography [IC]) with pulsed am-
perometric detection (HPAEC-PAD) and 10 l was used for anthrone
assays. To the other half of the sample, an equal volume of 4 N TFA was
added, and the sample was hydrolyzed tomonosaccharides by incubation
at 100°C for 6 h. The samples were then evaporated at 65°C under nitro-
gen. Samples were immediately resuspended in water for analysis.
Monosaccharides were analyzed by HPAEC-PAD on an ICS 5000
equipped with a 2- by 250-mmCarbopac PA-1 analytical column and a 2-
by 50-mm Aminotrap guard column (Dionex Corporation, Sunnyvale,
CA). The PAD detector used a carbohydrate-certified disposable gold
electrode (Thermo) with the gold standard PAD waveform. Neutral sug-
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ars and amino sugars were eluted at 31°C and 0.25 ml/min with a 1 mN
KOH eluent produced from an eluent generator. Uronic acids were ana-
lyzed separately at 40°C and 0.25 ml/min using 100 mNNaOH for 5 min,
followed by a 60 to 300 mM gradient of sodium acetate over 10 min to
elute the uronic acids. Themobile-phase solutionswere degassed and kept
under a bed of helium. Individual standards were used to measure the
retention times of each sugar and determine carbohydrate concentra-
tions. All major peaks in the IC traces were identified; however, a few very
small peaks remained unidentified. Data collection and analysis were
done using Chromeleon 7.1.0 software (Dionex).
To validate the IC results, aliquots of 10 l of supernatants from cel-
lulase digests (cellulase 1) of cell walls andwall-free controls were brought
up to 100 l in dH2O for anthrone quantitation of carbohydrate content
(47). A stock solution containing 2 g/liter anthrone reagent in 26.6 N
sulfuric acid was prepared, as was a set of 100-l glucose standards rang-
ing in concentration from 100 to 400 g/ml. To 100 l of sample, 900 l
of the anthrone stock solution was added. The samples were placed in
boiling water for 12 min and then transferred to an ice bath. Three hun-
dred-microliter aliquots of each were transferred to individual wells of a
96-well plate, and the absorbance at 625 nmwas determined using a plate
reader (Synergy 2; Biotek, Winooski, VT). The absorbance values were
regressed against glucose standards (R2  0.999), and sample carbohy-
drate concentrations were inferred from the resulting regression equa-
tions.
Glycosyl linkage analysis.Glycosyl linkage analysis was performed by
the Complex Carbohydrate Research Center at the University of Georgia.
Samples were permethylated, depolymerized, reduced, and acetylated.
The resultant partiallymethylated alditol acetates (PMAAs)were analyzed
by gas chromatography-mass spectrometry (GC-MS) as described previ-
ously (48).
Amino acid analysis. Amino acid analysis was conducted by the Mo-
lecular Structure Facility at theUniversity of California at Davis. Cell walls
were hydrolyzed for 48 h in 6 NHCl–1% phenol at 110°C. Samples (2.5
mg) were analyzed for amino acids and related compounds using a lith-
ium citrate buffer system, a Beckman 6300 amino acid analyzer (Beck-
man, Brea, CA), and an amino acid standard (product number A9906;
Sigma).
Fourier transform infrared spectroscopy characterization. Isolated
walls were progressively treated with cellulase 1 and then protease in so-
dium phosphate buffer at pH 7.0 for 18 h at room temperature before
treatment with 6 N HCl for 18 h at 100°C. Four dH2O washes followed
after each step, and aliquots from each step were preserved. For ATR-
FTIR analysis, 1-mg amounts of lyophilized samples of cell walls and
algaenan preparationswere loaded onto the germaniumcrystal of aNexus
470 FTIR spectrophotometer Smart Performer platform (Nicolet, Madi-
son, WI). Spectra were collected using OMNIC software (Nicolet) but
were also further analyzed using LabSpec 6 software (Horiba Scientific,
Edison, NJ). All spectra were collected across the 4,000 to 600 cm1 range
at a 1 cm1 spectral resolution. The spectra presented for each sample are
the averages of between 200 and 400 spectra. All data were collected at
Washington University at St. Louis in the Jens Environmental Molecular
and Nanoscale Analysis Laboratory.
Quick-freeze deep-etch electron microscopy. Samples were rinsed
twice in dH2O by pellet centrifugation, pipetted onto a cushioning mate-
rial, and dropped onto a liquid helium-cooled copper block; the frozen
material was transferred to liquid nitrogen and fractured, etched at
80°C for 2 min, and platinum replicated using Pt-C rotary replication
as described previously (49). The replicas were examined with a JEOL
electron microscope, model JEM 1400, equipped with an AMTV601
digital camera.
Elemental analysis. Screw-cap Teflon vials (VWR, Randor, PA) were
washed thoroughly with dH2O and then pretreated by soaking in trace-
metal-grade 6 N nitric acid for 18 h at 100°C. The nitric acid in each vial
was replaced with 10 ml of fresh 6 N nitric acid to which 10 to 25 mg of
sample was added. A blank with nitric acid but no sample was also pre-
pared as a control. Vials were heated for 18 h at 100°C, and then the nitric
acid was evaporated using a hot plate. The insides of the Teflon vials were
each washed with 20 ml of dH2O, which was then filtered and used for
elemental analysis by inductively coupled-plasma atomic emission spec-
troscopy (ICP-AES) (Optima 5300 DV; PerkinElmer, Waltham, MA).
Cadmium was run as an internal standard and used to correct the values
obtained during the analysis. The system uses a nonbaffled cyclonic spray
chamber with a type A Meinhard nebulizer. The rates of argon gas flow
were 16 liters/min for the plasma, 0.65 liters/min for the nebulizer, and 0.5
liters/min for the auxiliary flow. A custom-made multispectral fitting file
was used to correct for spectral interferences between elements. Argon gas
was used to purge the spectrometer and introduction system. Dried com-
pressed air was used as the shear gas. Standards were prepared from the
AccuTrace reference standard (AccuStandard, New Haven, CT), from
analytical standards QCS-7-M and QCS-1 (High Purity Standards,
Charleston, SC), and from EM standard ICP-126-5 (Ultra Scientific,
North Kingstown, RI). The standards for metals and nonmetals were
CCV-1A and -B, respectively (High Purity Standards). Elemental concen-
trations observed in the blank were subtracted from sample values.
Bioinformatics. Cell wall-related protein sequences were obtained
from the Cell Wall Navigator database (50). Additional cell wall-related
protein sequences were extracted from the CAZy database (www.cazy
.org) (51). These protein sequences were compared against protein mod-
els from the CCMP 526 genome (NCBI BioProject accession number
PRJNA73791), genome assembly, and transcriptome shotgun assembly
(NCBI BioProject accession number PRJNA157493) using BLAST (52).
Combined, these searches yielded a list of protein and nucleotide se-
quences that were curated to identify putative cell wall-related proteins.
Matching protein sequences (E value, 1  1020) were blasted against
nonredundant protein sequences in theNCBI database using theDELTA-
BLAST algorithm. Matching nucleotide sequences (E value, 1010)
were blasted (blastx) against the same database. In both cases, amatchwas
declared when a protein matched a protein domain with known cell wall-
related activity with an E value of less than 1020 (typically less than
10100). The resulting list of protein models was mapped back to the
genome to prevent redundancy.
All protein alignments were conducted with MUSCLE (53). A phylo-
genetic tree of cellulose synthases (CESAs) and cellulose synthase-like
(CSL) proteins was inferred by using the maximum-likelihood method
based on the Poisson correction model (see Fig. 1) (54). The bootstrap
consensus tree inferred from 100 replicates is taken to represent the evo-
lutionary history of the taxa analyzed (55). Branches corresponding to
partitions reproduced in less than 10% of bootstrap replicates are col-
lapsed. The percentage of replicate trees in which the associated taxa clus-
tered together in the bootstrap test (100 replicates) is shown next to the
branches (55). Initial trees for the heuristic search were obtained by ap-
plying the neighbor-joining method to a matrix of pairwise distances es-
timated using a JTT (Jones, Taylor, Thornton) model. The analysis in-
volved 71 CESA and CSL sequences from a wide variety of organisms,
including plants (56), cyanobacteria (57), bacteria (58), stramenopiles
(24), red algae, green algae, and fungi. The accession numbers for these
sequences can be found in Table S1 in the supplemental material. All
ambiguous positions were removed for each sequence pair. There were a
total of 2,826 positions in the final data set. Evolutionary analyses were
conducted in MEGA5 (59).
All CCMP 526 accession numbers are available at the National Center
for Biotechnology Information website (http://www.ncbi.nlm.nih.gov/)
and are part of the genome BioProject with accession number
PRJNA73791 or the transcriptome shotgun assembly project with acces-
sion number PRJNA157493.
RESULTS
TheN. gaditana cell wall biomass is primarily cellulose. In pre-
liminary experiments, we ascertained that intact N. gaditana cells
were insensitive to incubation in exogenous cellulase, as deter-
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mined by their retention of full resistance to chlorophyll release
with subsequent exposure to 1% Triton X-100. Given published
reports that the outer cell wall layer is composed of algaenan (2),
which is expected to block enzyme access, we conducted our sub-
sequent analyses using preparations of isolated cell walls
(“pressed” walls; see Materials and Methods).
As an initial screen to characterize the composition of the N.
gaditana cell wall, several enzymes were tested for their ability to
deconstruct pressedwalls fromcultures grown in f/2medium (Ta-
ble 1). Two cellulase formulations, cellulase 1 (product number
C0615; Sigma) and cellulase 2 (Onozuka R10, catalog number
16419.02; Serva), were the most effective, hydrolyzing up to 76%
of the cell wall mass. Cocktails containing additional enzymes
(chitinase and lyticase) in combination with these cellulases failed
to liberate additional biomass (see Fig. S1 in the supplemental
material).
The most effective cellulase (cellulase 1; see Materials and
Methods) was used to digest pressed cell walls obtained from two
independent cultures grown in f/2 medium and one grown in
ASW medium. Supernatants from cellulase digests were then hy-
drolyzed with 2 N trifluoroacetic acid (TFA) for 6 h at 100°C and
analyzed for monosaccharides by both high-performance anion-
exchange chromatography with pulsed amperometric detection
(HPAEC-PAD) and the anthrone assay. Sample masses were re-
corded before and after digestion (Table 1). Seventy-three to 83%
of the wall mass from each of the three preparations was positively
identified as carbohydrate by HPAEC-PAD (69 to 79% by an-
throne), of which 98 to 99% of the monomeric saccharides were
glucose. The carbohydrate masses were higher for the average of
the results for the two f/2 preparations (82%, n	 6) than for the
single ASW preparation (73%, n 	 3), a difference that was
statistically significant (P 0.02, Student’s two-tailed t test). The
results for wall digests of one f/2 cell wall preparation with cellu-
lase 2, chitinase, chitosanase, protease, lyticase, and zymolyase are
also given in Table 1. With the exception of the protease treat-
ment, 98 to 99%of the sugar released by each of these enzymeswas
glucose; however, as shown in Table S2 in the supplemental ma-
terial, lyticase and zymolase liberated the majority of the glucose
in polymeric form, indicating that these enzymes were acting on
cross-links and not directly on the cellulose polymer. Hydrolysis
with 72% sulfuric acid using an aliquot of the same sample liber-
ated 69%
 7% (mean
 standard deviation) of the total mass as
carbohydrate, as determined by HPAEC-PAD, 98% of which was
glucose (data not shown). Small amounts of rhamnose, fucose,
galactose, galacturonic acid, mannose, and glucosamine were also
detected in all the aforementioned digestion products, as were two
unidentified compounds that eluted near the other neutral sugars
with concentrations above the background (data not shown). Sig-
nificantly, no fructose was detected, which indicates that any re-
sidual sucrose from the gradient separation step of the wall isola-
tion protocol was successfully removed.
The glycosyl linkages of a pressed cell wall preparation ob-
tained from cells grown in ASW medium were also determined
after the polysaccharides were permethylated, depolymerized, re-
duced, and acetylated. The resulting partially methylated alditol
acetates (PMAAs) were analyzed by gas chromatography-mass
spectrometry (GC-MS); the results are presented in Table 2. The
vast majority of the residues were common to cellulose, namely,
1,4-linked glucopyranosyl (78%) and terminal glucopyranosyl
(8%), the latter included both reducing andnonreducing terminal
residues. Small amounts of 1,6-linked (3%), 1,3-linked (1.2%),
1,4,6-linked (0.6%), and 1,3,4-linked (0.5%) glucopyranosyl res-
idues were also found; glucose accounted for 91.4% of the total
residues detected. Also foundwere traces of fucopyranosyl, rham-
nopyranosyl, mannopyranosyl, galactopyranosyl, xylopyranosyl,
and N-acetylglucopyranosyl carbohydrates. Of these, only xylose
was not detected in the monomeric composition analysis (Table
1).  and  stereoisomers were not distinguishable using this
method; it should also be noted that the relatively mild acid hy-
drolysis method used likely did not release all of the carbohydrate
monomers.
Genomic analysis of cellulose-related sequences. The evi-
dence for a predominance of cellulose in the N. gaditana cell wall
prompted a query of the CCMP 526 genome for the presence of
TABLE 1 Monosaccharide composition of N. gaditana cell walls determined after enzymatic digestion
Enzyme
% of wall mass solubilized
(mean
 1 SD; n	 3)a
% of mass (mean
 1 SD; n	 3)
determined to be carbohydrates by:
% of glucose in















 2.0 NDg 97.2 Fuc, Gal, GalA
Chitinase 69.6
 6.3 64.3
 1.7 ND 98.9 Fuc, GlcN, Rha, GalA
Chitosanase 11.3
 1.3 11.6
 0.5 ND 100.0 None
Lyticase 68.9
 3.5 65.4
 4.1 ND 99.2 Fuc, Rha, GalA
Protease 9.9
 6.2 1.1
 0.2 ND 28.5 Fuc, GlcN, Man, Rha, GalA
Zymolyase 71.0
 2.2 71.7
 3.5 ND 99.9 Fuc, GlcN
a The percentage of the cell wall mass that was solubilized was determined gravimetrically.
b Carbohydrates as the percentage of total cell wall mass and glucose as the percentage of total carbohydrate were determined by HPAEC-PAD after digestion of the enzyme
hydrolysate with 2 M TFA at 100°C for 6 h. Carbohydrate values reflect the amounts after subtraction of carbohydrates measured in wall-free controls.
c Standard deviations were all0.05%.
d Grown in f/2 medium: this sample was used for all digestions using alternate enzymes.
e Grown in f/2 medium.
f Grown in SWmedium.
g ND, not determined.
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genes encoding putative cellulose biosynthetic and degradative
enzymes. Several genes encoding homologs of characterized cel-
lulose synthases (Fig. 1) and -glycoside hydrolases were identi-
fied (Table 3). To simplify the presentation, the modifiers “candi-
date” and “putative” are not used below, but it is by definition the
case that until gene products are purified and assayed, all gene
sequences identified by homology encode candidate enzymes.
Among the multiple glycosyltransferases and glycosylhydro-
lases identified, four displayed homology to cellulose synthase and
seven to glycoside hydrolase family 9 (GH9) cellulases. Addition-
ally, genes encoding multiple isoforms of other -hydrolytic en-
zymes are present in the genome, including genes for enzymes in
the GH1 and GH3 (e.g., -glucosidase), GH6, GH8, and GH10
families, which in sum could potentially deconstruct cellulose to
glucose. Also found were two homologs of genes encoding UDP-
glucose pyrophosphorylase, which is required for glucose activa-
tion in the synthesis of cellulose (and other glucose polymers),
where one of these homologs is fused to a phosphoglucomutase
gene (GenBank accession number JU963155).
Cellulose synthase protein models derived from N. gaditana
transcripts CESA1 (GenBank accession number JU963065),
CESA2 (GenBank accession number JU963444), CESA3 (Gen-
Bank accession numberJU981242), and CESA4 (GenBank acces-
sion numberJU963368) were aligned to the sequences of plant,
algal, bacterial, and fungal cellulose synthases (CESA) and cellu-
lose synthase-like (CSL) proteins (Fig. 1). Using the maximum-
likelihood method, a phylogeny was inferred (Fig. 1A). The four
CESA-like proteins found in N. gaditana cluster into two clades:
clade I with CESA1 and CESA2 and clade II with CESA3 and
CESA4. PlantCESA andCSLproteins are divided into two groups,
one directly related to cyanobacteria (group A in Fig. 1A) and the
other to cyanobacterial-derived sequences in green algae (group B
in Fig. 1A) (60). Both of the Nannochloropsis CESA clades are
located within group A, which also includes CESA from red algae,
Oomycetes, and Ectocarpus salacious and CESA/CSL from land
plants. Within this group, clade I clusters closely with cyanobac-
terial CesA and bacterial BcsA proteins, while clade II clusters with
E. siliculosus CESA. Both bacterial BcsA and cyanobacterial CesA
enzymes have been experimentally verified to produce cellulose,
including biochemically characterized enzymes from Rhodobacter
sphaeroides (58, 61), Gluconacetobacter xylinus (62), Nostoc punc-
tiforme, Anabaena species (63), and Thermosynechococcus vulca-
nus (64). Nomatches were foundwith the poorly defined bacterial
BcsB to -G or the BcsQ and BcsZ protein sequences that are asso-
ciated with cellulose synthesis in some bacterial systems (65, 66).
The four E. siliculosus CESA proteins that cluster with CESA3 and
CESA4 are likely genuine cellulose synthases (24). E. siliculosus
produces cellulose microfibrils in its cell wall and has nine CESA/
CSL proteins. Five are similar to group B CSL proteins from Acti-
nobacteria and fungi, while the remaining four are similar to
group A CESA proteins (24).
A number of the characteristic motifs of cellulose synthases are
present in the N. gaditana homologs. The glycosyltransferase 2
(GT-2) enzyme family includes processive cellulose synthases that
have the conserved amino acids D, D, D, and QXXRW that are
critical for activity (56, 67). The third Asp is proposed to form a
catalytic base, while the other motifs are predicted to be involved
in substrate and/or product interactions, with the conserved Trp
of the QXXRWmotif interacting with the newly polymerized cel-
lulose (58, 67). These motifs are found in CESA1, CESA2, and
CESA3, but only the first two aspartic acids are found in CESA4
(Fig. 1B). In plant cellulose synthases, these conservedmotifs have
been further defined to DD, DCD, ED, and QXXRW (56). CESA1
and CESA2 have perfect matches for these sequence motifs, while
CESA3 substitutes DE and DAR for the DD and DCD motifs,
respectively. CESA1 and CESA2 both contain the sequences
AKAGN and TED, which bookend a pocket that is reported to
bind UDP-glucose (58). CESA3 substitutes a proline for the first
alanine in the AKAGN motif and an isoleucine for threonine in
the TED motif (Fig. 1B). These motifs are the least conserved in
CES4, which substitutes PVAGM for the AKAGNmotif and CEW
for the TEDmotif. Interestingly, anE. siliculosus cellulose synthase
carries all of the same substitutions that are found in CES3 (DE,
DAR, and PKAGN).
All four of the cellulose synthases in N. gaditana CCMP 526
have homologs in theN. oceanica CCMP 1779 genome and a sec-
ond sequencedN. gaditana (B-31) genome (9, 40, 68). Near-exact
matches of CESA1, CESA2, and CESA4 are found in the N. gad-
itanaB-31 genome,with amino acid identities of 99.7%or greater,
whereas matches with 80.3, 86, and 73.3% amino acid identity,
respectively, are found in theN. oceanicaCCMP1779 genome (see
Table S3 in the supplemental material). Although homology to
CESA3 was found in the other Nannochloropsis genomes, assem-
bly in this region of the respective genomes is poor, yielding only
partial sequences that could not be assembled into a contiguous
section of DNA. A complete CESA3 sequence was only recover-
able from the N. gaditana CCMP 526 transcriptome shotgun as-
sembly (5). A pairwise identity analysis (see Table S3) indicates
that the CESA1, CESA2, and CESA4 orthologs between Nanno-
chloropsis species share higher percent identities than do paralogs
(CESA1 and CESA2; CESA3 and CESA4), which suggests that the
CESA geneswere duplicated prior to speciation ofN. gaditana and
N. oceanica (Fig. 1A).
Transcript levels of the CESA genes were queried from CCMP
526 transcriptome data sets (5, 9). In linear growth, the CESA1, -2,
-3, and -4 genes had transcript expression levels of 451, 802, 295,
TABLE 2 Glycosyl linkage analysis of N. gaditana cell wall
polysaccharides
Glycosyl linkage % Present
1,4-Linked glucopyranosyl residue (4-Glc) 78.1
Terminal glucopyranosyl residue (t-Glc)a 7.9
1,6-Linked glucopyranosyl residue (6-Glc) 3.1
Terminal fucopyranosyl residue (t-Fuc)a 1.9
1,2-Linked rhamnopyranosyl residue (2-Rha) 1.5
Terminal N-acetylglucosamine residue (t-GlcNAc)a 1.3
1,3-Linked glucopyranosyl residue (3-Glc) 1.2
1,4-Linked N-acetylglucosamine residue (4-GlcNAc) 1.0
Terminal mannopyranosyl residue (t-Man)a 0.7
Terminal fucopyranosyl residue (t-Gal)a 0.6
1,4,6-Linked glucopyranosyl residue (4,6-Glc) 0.6
1,3,4-Linked glucopyranosyl residue (3,4-Glc) 0.5
1,4-Linked mannopyranosyl residue (4-Man) 0.4
Terminal xylopyranosyl residue (t-Xyl)a 0.3
1,2-Linked mannopyranosyl residue (2-Man) 0.3
Terminal rhamnopyranosyl residue (t-Rha)a 0.2
1,2-Linked fucopyranosyl residue (2-Fuc) 0.2
1,6-Linked fucopyranosyl residue (6-Gal) 0.1
a Terminal residues may come from the reducing or nonreducing end of a
polysaccharide.
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and 57 reads per kilobase per million mapped reads (RPKM),
respectively. These levels of expression put CESA2 as the 113th
most highly expressed gene under these conditions, with CESA1
and CESA3 among the top 525 expressed genes and CES4 as ap-
proximately the 3,000th most expressed gene, out of 9,000
genes. Under nitrogen deprivation, the expression levels did not
change appreciably at the time assessed (16 h).
Genes that are involved with cellulose degradation or remod-
elingwere also queried in theN. gaditana genome, including those
encoding cellulases, xyloglucan endotransglycosylases/hydrolases
(XTH, glycoside hydrolase family 16 [GH16]), expansins, and
swollenins. Representative members of glycoside hydrolase fami-
lies 1, 3, 5, 6, 7, 8, 9, 10, 12, 16, 44, 45, 48, 61, and 124, as curated by
the Carbohydrate-Active enZymes (CAZy) database (51), as well
as expansins and swollenins (69), were used as search queries.
Homologs toGH1, -3, -6, -8, -9, -10, and -16members are present
(Table 3), but homologs to expansins and swollenins were not
identified. A total of 21 endo--1,4-glucanases and exo--1,4-
glucanases were found in the N. gaditana genome, including
members from the GH6, -8, -9, and -10 families. GH9 enzymes
have been found in both eukaryotes and bacteria, and in plants,
some members have been proposed to contribute to cellulose re-
modeling during growth (70). The GH9 enzymes found in N.
gaditana are all highly similar to the biochemically characterized
CESA & CSL [BDEGH] Plants (19)
CESA Oomycetes (7)
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Ectocarpus salacious Esi0231 0020
Ectocarpus salacious Esi0097 0006
Porphyra yezoensis CESA1
179                        227                        247                    342                        381
plant CESA conserved motifs
conserved in GT-2 enzymes
FIG 1 (A) Phylogenetic tree of cellulose synthases (CESA) and cellulose synthase-like proteins (CSL). The tree was constructed using the maximum-likelihood
(ML) approach.N. gaditana sequences aremarkedwith green circles. Numbers indicate bootstrap values in theML analysis. Numbers in parentheses indicate the
numbers of sequences compressed in subtrees. Groups A and B are described in the text. The full list of accession numbers from the proteins used can be found
in Table S1 in the supplemental material. (B) Multiple sequence alignments of the motifs common to cellulose synthases. Numbers indicate the amino acid
positions in the Rhodobacter sphaeroides BcsA protein (58). Dashes do not represent gaps in the alignment, and not all aligned amino acids are shown. Dots
indicate the conserved residues (D, D, D, and QXXRW) found in characterized cellulose synthases within the glycosyl transferase 2 (GT-2) family, as cataloged
by the Carbohydrate-Active enZymes (CAZy) database.
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cellulase of Clostridium thermocellum, which has activity against
both cellulose and lichenin but little against laminarin or xylan
(71, 72). Alignment of the putative CCMP 526 cellulases with the
C. thermocellum cellulase indicates that the proteins share signa-
ture motifs (see Fig. S2 in the supplemental material). These in-
clude the DLXGGXXDAGD, HRR, and DXXXXXXXXE motifs
that contain amino acids necessary for catalytic activity (73, 74).
Our analysis also indicates that regions with the sequences LFXE
XQRXG and WRXD are conserved among the C. thermocellum
and CCMP 526 cellulases. Interestingly, one GH6 family cellobio-
hydrolase II (CBHII)-like enzyme was found in the N. gaditana
genome. Typically, this family of enzymes is found in fungi and
other cellulolytic organisms, where the enzyme acts processively
from the nonreducing ends of cellulose chains to generate cello-
biose (75). A GH6 homolog is also found in the stramenopile
Aureococcus anophagefferens but appears to be absent in oomy-
cetes, which include plant pathogens. Additionally, another pro-
tein with possible fungal origin, a fungal-type cellulose-binding
domain (CBM1), was also found in N. gaditana. A search for
plant-type xyloglucan endotransglycosylases/hydrolases (GH16)
yielded one match in the transcriptome assembly. Three GH1 and
four GH3 enzymes were also present. The enzymes in these fam-
ilies have-glucosidase,-galactosidase, or-mannosidase activ-
ity (51). In the case of-glucosidases, these enzymes hydrolyze the
exocellulase product, typically cellobiose, into individual mono-
saccharides (76), so these enzymes may also play a role in N. gad-
itana cellulose reorganization/metabolism.
The cellwall preparations contain aminoacids andminerals.
Amino acid analysis was performed on samples of pressed walls
harvested from cells grown on both f/2 and ASWmedium (Table
4). The amino acid ratios were consistent among triplicate biolog-
ical samplings. Amino acid content as a percentage of total bio-
mass was also consistent, averaging 6.2%
 1.7%. The total amino
acid mass is likely underreported because sulfur-containing resi-
dues (cysteine and methionine) and tryptophan were not quanti-
tatively recovered by the method used.
To further characterize the balance of the cell wall mass, ele-
mental analysis of the wall material was performed using ICP-
AES. Four biological replicates were tested, two from cells grown
in f/2 medium and two from cells grown in ASW medium. An
average of 1.1%
 0.6%of the cell wallmass could be attributed to
the 31 elements assayed, which did not include C, H, N, or O (see
Table S4 in the supplementalmaterial). The concentrations ofMg,
Ca, Na, and S were several times higher in the ASW-grown sam-
ples than in those grown in f/2, though in each case, these were
small fractions of the total biomass. Themedian sulfur content for
these samples was 0.3% of the total biomass; however, sulfate
could not be detected by ion chromatography (IC) following sul-
fatase digestion of cell walls.Measurements of the amino acids and
select elements of the carbohydrates identified are combined in








GH1 -Glucosidase (cel1b) Nga02538
GH1 -Glucosidase (cel1b) Nga04378.01
GH1 -Glucosidase (cel1b) Nga00952
GH3 -Glucosidase (b7;bgla;bghg1;ao090009000356) Nga06223
GH3 -Glucosidase (b7;bgla;bghg1;ao090009000356) Nga06304
GH3 -Glucosidase (b7;bgla;bghg1;ao090009000356) Nga00051
GH3 -Glucosidase (b7;bgla;bghg1;ao090009000356) Nga03687
GH6 Cellobiohydrolase ii (cbhii;cbh2;cbh-ii;trcel6a) Nga31009
GH8 Endo--1,4-glucanase a (cela;cthe_0269) Nga30029
GH8 Endo--1,4-glucanase a (cela;cthe_0269) Nga01206
GH8 Endo--1,4-glucanase a (cela;cthe_0269) Nga03336
GH8 Endo--1,4-glucanase a (cela;cthe_0269) Nga10019
GH9 Endo--1,4-glucanase 8/cellulase 1 (atcel1;egase) Nga05528
GH9 Endo--1,4-glucanase 8/cellulase 1 (atcel1;egase) Nga30804
GH9 Endo--1,4-glucanase 8/cellulase 1 (atcel1;egase) Nga06309
GH9 Endo--1,4-glucanase 8/cellulase 1 (atcel1;egase) Nga30060
GH9 Endo--1,4-glucanase 8/cellulase 1 (atcel1;egase) Nga31020
GH9 Endo--1,4-glucanase 8/cellulase 1 (atcel1;egase) Nga00928





























CBM1c Fungal cellulose binding domain JU970214.1b
a Glycoside hydrolase enzymes found in N. gaditana thought to act on cellulose. Other
GH enzymes are present in N. gaditana.
b GenBank accession number for associated transcript.
c Not a GH enzyme but involved in cellulose metabolism.


































a Cysteine and methionine were not quantitatively recovered by the analysis, and
tryptophan was not recovered at all.
b The protein content as a percentage of the total biomass was 6.2%
 1.7% (n	 4;
mean
 1 standard deviation).
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Table 5. In total, 86.5%
 7.2%of themass of the cell wallmaterial
has been identified. The remainder of the mass balance is likely
comprised of algaenan, as described below.
Thewall comprises an outer algaenan layer protecting an in-
ner cellulose layer.Many algae produce algaenan-containing cell
walls, including vegetative cells of Scenedesmus, some Chlorella
species, and allNannochloropsis species tested (25, 77–81), cysts of
Chlamydomonas, Haematococcus, and Polytomella (49, 82–89),
and Botryococcus colonies (126). In thin sections of osmicated,
dehydrated specimens, the presence of algaenan usually (43) cor-
relates with the presence of a layer called the trilaminar sheath
(TLS), a narrow dark-light-dark domain at the wall periphery (2,
77, 80, 81, 83, 88, 90). An excellent thin-section image of the TLS
fromN. occulata is found in Fig. 3H ofMurakami andHashimoto
(2), beneath which is a second wall layer and then the plasma
membrane.
Figure 2A shows a model of theNannochloropsis wall based on
quick-freeze deep-etch EM (QFDE-EM), wherein living cells or
wall preparations are snap-frozen at liquid-helium temperatures
without fixation and then fractured and etched (surface ice subli-
mated under vacuum) and platinum replicated (49). Layer 1,
which adopts the TLS configuration in thin section (2) but forms
a single layer in replicas, is underlain by a thicker layer 2 (Fig. 2B).
Struts often connect layer 2 to the plasma membrane (Fig. 2C),
and extensions of unknown composition protrude from the outer
surface of layer 1 (Fig. 2C). Consistentwith our observations using
Triton X-100, no morphological changes in wall structure were
observedwhen intact cells were exposed to cellulases (not shown).
Images of pressed cell walls are shown in Fig. 2D and E. Each
wall curves in on itself to form a concentric whorl interconnected
by struts. Layer 2 has a fluffy, often porous appearance with a
delicate fibrous substructure. These fibers have a far narrower
caliber than the cellulose fibrils found in red algae and land plants
that are assembled under the aegis of linear rows or rosettes of
cellulose synthases, and no linear rows or rosettes are evident in
the plasma membrane of N. gaditana.
Figure 2F and G show this same pressed wall preparation after
digestion with cellulase 1 as described in Materials and Methods.
Layer 2 and the struts have been completely removed, generating
an apparently pure preparation of layer 1whose outer surface (Fig.
2G, o) retains the extensions andwhose newly exposed inner layer
(Fig. 2G, i) is granular.
Spectroscopy of intact and enzyme-digested wall prepara-
tions. The presence of lipid-derived, nonhydrolyzable algaenan is
well established inN. salina and other species ofNannochloropsis,
where it is described as comprising highly saturated, long-chain
aliphatic material that is cross-linked by ether bonds (41, 91). We
found a similar material in the residual material after cellulase
digestion ofN. gaditana cell walls. Whereas algaeanan has hereto-
fore been distinguished from other biomass constituents as an
insoluble residue following severe acid and base hydrolysis, our
enzymatic approach has allowed the study of material unlikely to
be chemically altered or contaminated with artifacts such asMail-
lard condensation or caramelization products (92).
Aliquots of pressed cell walls, sequentially exposed to a cellu-
lase and then a protease and then to HCl acid hydrolysis, were
analyzed by attenuated total reflectance Fourier transform infra-
red (ATR-FTIR) spectroscopy (Fig. 3; Table 6). Spectra of nondi-
gested walls are dominated by chemical groups associated with
carbohydrates, such as the broad band centered around 3,380
cm1 (hydroxyl, H-bonded, O-H stretch), the intense band max-
imizing at 1,029 cm1 (hydroxyl/ether, C-O stretch), and the nar-




Carbohydrate (n	 3) 79.2
 4.9
Protein (n	 4) 6.2
 1.7




FIG 2 (A)Model of theNannochloropsiswall based on quick-freeze deep-etch
EM (QFDE-EM) images. The native layer 1 adopts a TLS configuration in thin
section (2) but forms a single layer in replicas and is overlain with fibrous
extensions. Layer 2 is thicker and often associates with the plasma membrane
via narrow struts. (B) Cross fracture through the native wall showing its two
layers (1, 2), distal extensions (ext), and close association with the plasma
membrane (pm). (C) Tangential fracture through the two native wall layers
showing distal extensions (ext) and proximal struts attaching to the plasma
membrane (pm). mito, mitochondrion. (D and E) Pressed cell walls, with the
prominent fibrillar layer 2 masking the presence of layer 1. (F and G) Same
pressed wall preparation as shown in panels D and E after 24 h of incubation in
cellulase. Fibrillar layer 2 and struts were digested, exposing layer 1, whose
outer (o) and inner (i) faces are granular. All scale bars, 250 nm.
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row band at 1,157 cm1 (glycosidic ether, C-O-C stretch). Treat-
ment with cellulase greatly diminishes these bands, although it
does not eliminate them entirely, and allows vibrational frequen-
cies associated with the long aliphatic chains of algaenan to be-
comemore apparent, such as intense bands at 2,920 cm1 (meth-
ylene, C-H symmetric stretch) and 2,852 cm1 (methyl/
methylene, C-H asymmetric stretch), plus narrow bands at 1,465
cm1 (methylene, C-H scissoring), 1,376 cm1 (methyl, C-H
rock), and 720 cm1 [methylene, (CH2)n when n  3, C-H
rock]. Notably, low-intensity bands, typically indicative of pro-
tein, are also visible at 1,646 cm1 (amide I, C	O stretch), 1,540
cm1 (amide II, N-H/C-N stretch), and 1,307 cm1 (amide III,
C-N stretch/N-H bend).
Interestingly, protease treatment does not alter these protein-
indicative bands—in fact, no spectral changes are evident—
whereas they are abolished with HCl treatment. Such treatment
also elicits a distinct shift of the highest-wavenumber band to a
new wavenumber, centered near 3,445 cm1, indicating that the
3,380 cm1-centered bands in pre-HCl samples may also obscure
an amideN-H stretching contribution (secondary amides are gen-
erally assigned near 3,300 cm1). Although aliphatic wavenum-
bers are obviously pronounced following HCl treatment and
dominate the spectra, additional, often weak, bands indicative of
oxygen moieties are also abundant.
Our spectra generally agree with the conclusions of Gelin et al.
(78) without being potentially compromised by preparative arti-
facts. However, our HCl treatment of enzyme-hydrolyzed pressed
walls also reveals a distinct band at 1,719 cm1 (C	O stretch)
whichmay indicate carboxyl, aldehyde, ketone, or ester functional
groups. Close observation of many wavenumbers over the entire
spectrum strongly suggests the presence of carboxyl groups, but
this does not preclude other oxygen-containing moieties.
DISCUSSION
Notes on the cell wall preparations. Nannochloropsis gaditana
cells were grown in either f/2 or ASWmedium, and their cell walls
isolated from freeze-dried biomass after successive steps, includ-
ing (i) bursting the cells in a French press, (ii) separating walls
from other cellular components on a sucrose gradient, and (iii)
extracting the wall fraction with solvents of decreasing polarity to
remove contaminants (e.g., sucrose, adsorbing salts, proteins, lip-
ids, and carotenoids). Becausematerial was lost during the French
press and sucrose separation steps, we were unable to quantify cell
wall mass as a percentage of cell dry weight; however, the final
FIG 3 FTIR spectra of CCMP 526 pressed walls. Spectra are provided for pressed walls and following stepwise cellulase, protease, and HCl digestion. Nine
notable wavenumber regions (a to i) have been highlighted.
TABLE 6 Approximate wavenumber assignments of major bands in ATR-FTIR results
Region Wavenumber range (cm1) Major bands (cm1) Functional groups Comment
a 3,170–3,630 3,380 or 3,445 (O-H)/(N-H) Very broad; change of center after HCl treatment
b 2,800–3,020 2,920, 2,852 (CH3)/(CH2) Alkane
c 1,570–1,770 1,610, 1,720 C	 C/C	 O Alkene/ester
d 1,380–1,520 1,380, 1,465, 1,512 (CH3)/(CH2)/(C	 C) CH3 and CH2 scissoring; aromatic C	C ring breathing
e 1,230–1,290 1,240 (C-O-C) Ether
f 980–1,200 1,029, 1,157 (C-O)/(O-H) 1,157 cm1 eliminated by HCl treatment
g 880–930 900 o(C-H) CH wag (out of plane)
h 770–870 827 (C-H)/(C-O-C) Trisubstituted alkene/epoxide
i 670–750 720 (CH2)n Long-chain (CH2) rocking; n 3
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yields (after sample losses) were2% of the cell dry weight. Upon
inspection with electron microscopy, the wall preparations ap-
peared highly homogeneous and uncontaminated by other mate-
rials (Fig. 2D and E).
The pressed wall preparation is a variation of that published by
Takeda (93), with the use of a sucrose rather than a Percoll gradi-
ent being dictated by concerns that residual Percoll might compli-
cate glycosyl linkage analysis. No trace of sucrose or fructose could
be found in the resulting preparationswhen digested and analyzed
by IC. TheTakedamethod also includes an-amylase digestion to
remove starch, but this step was deemed unnecessary because (i)
Nannochloropsis species are not believed to produce starch, as is
also the case for other stramenopiles (94), (ii) no starch grains are
evident by QFDE-EMof intact cells, and (iii) genomic evidence of
starch biosynthetic enzymes (i.e., starch synthase and isoamylase)
is lacking (5, 9, 40, 68, 93, 95–97). Furthermore, the low abun-
dance of 1,3-linked glucose detected, combined with the absence
of detectable mannitol, suggested minimal contamination with
laminarin, a storage product common in related brown algae (98).
It should be noted that the -1,3-linked storage polysaccharide
presumed to be laminarin has not been verified inNannochlorop-
sis, nor has chrysolaminarin (99) or mycolaminarin (100), which
are found in more distantly related diatoms and oomycetes, re-
spectively.
We are aware that the use of chemical treatments to remove
adventitious material may inadvertently remove constituent wall
molecules as well. That said, during the organic extraction steps,
only 5% of the sucrose gradient-separated cell wall mass was
removed (data not shown).
Cellulose in theN. gaditana cell wall. The bulk (75%) ofN.
gaditana cell wall preparations was determined to be cellulose,
whichwe showbyQFDE-EM to form the inner layer of a bilayered
wall. Monosaccharide quantification after both chemical and en-
zymatic digestion of the cell wall preparations demonstrates that
glucose is by far the dominant carbohydrate (Table 1). Linkage
analysis confirmed the predominance of 1,4-linked glucose (Table
2); however, as this methodology uses relatively mild hydrolysis
conditions, only a fraction of all carbohydrate linkages was deter-
mined. The pressed wall material was highly susceptible to cellu-
lase digestion, as evidenced by both HPAEC-PAD and EM data
(Table 1; Fig. 2F and G). The lyticase and zymolyase enzymes
liberated little free glucose, but TFA digestion of the enzyme hy-
drolysates produced predominantly glucose (see Table S2 in the
supplemental material); we therefore suggest that they are not
acting directly on themajor wall polysaccharide but, rather, act on
critical cross-links to release the wall polymers. All of these treat-
ments liberated glucose and only traces of other saccharides, con-
sistent with a predominately cellulosic material.
Cellulose synthesis is performed in the plasma membrane by
the action of cellulose synthase complexes, also called terminal
complexes (101–103). The primary substrate for cellulose syn-
thase, UDP-glucose, is synthesized either anabolically from glu-
cose byUDP-glucose pyrophosphorylase or catabolically from su-
crose by sucrose synthase (102). We have identified in silico
homologs to three cellulose synthases containing core amino acids
central to activity, two UDP-glucose pyrophosphorylases, and
seven cellulases, demonstrating thatN. gaditana at least putatively
possesses the metabolic machinery for cellulose synthesis and ca-
tabolism. A search for sucrose synthase sequences derived from 18
plant species yielded no homologues in the two N. gaditana ge-
nomes and oneN. oceanica genome queried, suggesting thatNan-
nochloropsis utilizes the anabolic pathway to UDP-glucose forma-
tion.
Cellulose synthase terminal complexes assemble in geometri-
cal configurations, often as linear rows or hexagonal rosettes, and
cellulose morphology is directly related to these configurations
(103). Commonly found in land plants and some algae, rosettes
tend to produce the crystalline cellulose I allomorph; for exam-
ple, the rosette terminal complexes of Micrasterias and Spyrogyra
are thought to correlate with the perpendicular orientation of the
cellulose I fibrils (104). Linear terminal complexes have also
been characterized in algae, such asValonia,Oocystis, andBoerges-
neia, and are associated with cellulose I production (103, 105–
107). The configuration of Nannochloropsis terminal complexes
and the degree of cellulose crystallinity are currently unknown.
CESA3 is similar to a cellulose synthase from the brown alga E.
siliculosus that forms long, linear terminal complexes (108). No
such configurations have been visualized in the Nannochloropsis
cell membrane in our QFDE-EM studies. CESA1 and CESA2 are
highly similar to the bacterial BcsA enzymes, which in the case of
Escherichia coli have been suggested to produce amorphous cellu-
lose (65).
Processive -glycosyltransferases contain the characteristic
motifs D, D, D, and QXXRW located in two protein domains, A
(D, D) and B (D, QXXRW). Both domain A and B are conserved
in processive cellulase enzymes, while nonprocessive enzymes
typically lack domain B (109). CESA1, -2, and -3 have both the A
and B domain, whereas CESA4 is lacking key residues that coor-
dinate UDP (DCD, R in QXXRW), act as the catalytic base (ED),
and stabilize the acceptor glucan (W in QXXRW), indicating that
despite homology, CESA4 likely does not encode a genuine cellu-
lose synthase.
Three of the E. siliceous cellulose synthases are highly expressed
in female gametes just after fertilization, which correlates with
rapid primary cell wall biogenesis (110). These three CESA genes
are members of the E. siliceous CESA clade that forms a cluster
with Nannochloropsis CESA3 (Fig. 1A, group A). Despite some
differences in the E. siliceous enzyme motifs relative to the se-
quences of prototypical plant cellulose synthases (Fig. 1B), it
seems likely that these enzymes are responsible for producing the
microfibrils of cellulose found in the cell wall of E. siliceous. Nan-
nochloropsis CESA3 shares these distinctive motifs with the E. sili-
ceous CESA enzymes, which include DE instead of DD and DAR
instead of DCD.
There is a surprising lack of diversity in the monosaccharide
composition of the cell wall preparations, although other saccha-
rides and uronic acids, including 1,2-linked and terminal rham-
nose and fucose residues, 1,4-linked and terminal mannose and
N-acetylglucosamine residues, and 1,6-linked and terminal galac-
tose residues (Table 2), were present in trace amounts. Treatment
with cellulase 2 yielded 2.7% of the polysaccharide content as ga-
lactose (data not shown), but in all other enzymatic treatments,
the masses of nonglucose monosaccharides and uronic acids were
less than 1% of the sample mass (Table 1).
Cell wall amino acids. Amino acid analysis indicated that
6% of the cell wall mass is comprised of amino acids. The indi-
vidual amino acid ratios were highly reproducible between runs,
and cell wall preparations were rigorously washed with both polar
and nonpolar solvents, suggesting that the amino acids were not
adventitiously associated with cell walls but, rather, represented
Nannochloropsis gaditana Cell Wall
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an integral cell wall constituent. Attempts to isolate purified pro-
teins from cell wall preparations incubated with denaturing buf-
fers failed to reveal well resolved protein bands using SDS gel
electrophoresis. This may be due to the proteins being embedded
within the cell wall and unable to diffuse from this matrix or to
proteins being covalently linked to insoluble algaenan (see below)
or a cell wall carbohydrate. Additionally, the current cell wall
preparations yield relatively small amounts of biomass, and the
proteinsmay be below the limit of detection, particularly if there is
heterogeneity due to differing degrees of posttranslational modi-
fication (i.e., glycosylation). BLAST searches for homologs of
other algal cell wall proteins (e.g., hydroxyproline-rich glycopro-
teins from C. reinhardtii) failed to reveal any significant matches.
Despite our inability to identify cell wall proteins, the amino acid
analysis suggests the presence of tightly associated proteins (per-
haps covalently linked to other wall constituents or encapsulated
within the cell wall). Additional investigation is required to ascer-
tain whether the amino acids correspond to specific polypeptides
encoded in the genome or whether they are assembled by nonri-
bosomal pathways (111, 112) that are core components of the cell
wall.
We compared the cell wall composition of N. gaditana cells
grown in ASW and f/2 media. While subtle differences are noted
with respect to some cell wall components, includingminerals and
minor carbohydrates, the main component of the cell walls (glu-
cose) does not change drastically in response to varying the com-
position of the medium, demonstrating the dominant structural
role of cellulose in the N. gaditana wall. It remains to be deter-
minedwhether stresses like nutrient limitation and high lightmay
affect the composition of Nannochloropsis cell walls.
The algaenan outer wall. The FTIR and EM data presented in
this paper clearly demonstrate that the outer wall of N. gaditana
contains algaenan (Fig. 2 and 3), whichwe propose to be primarily
responsible for the wall’s recalcitrance to breakage. The term al-
gaenan encompasses disparate types of enzymatically and chemi-
cally resistant aliphaticmaterial thatmay derive from distinct bio-
chemical pathways in different organisms. The algaenan of
Nannochloropsis salina and an unspecified Nannochloropsis has
been proposed to comprise straight-chain (C30), highly satu-
rated aliphatic compounds joined by ether bonds at terminal and
one or two midchain positions (41). There is some debate about
the structure of algaenan in Tetraedron minimum and Scenedes-
mus communis, but it appears to consist of very-long-chain (up to
C120) monomeric (di)carboxylic acids and not the ester- and
ether-linked polymers that were originally proposed (43, 113).
Meanwhile, the algaenan found in the colonial matrix of three
races of Botryococcus braunii comprises polyacetals that are either
cross-linked by terpene epoxides (B and L race) or not (A race)
(114, 115).
The composition of algaenan has been ascertained using di-
verse methodologies that have the potential to affect structural
determinations (43, 44). To date, isolation has depended on severe
hydrolysis reactions at high temperature to degrade any reactive
polysaccharides, lipids, and proteins (41, 44, 113). Such harsh
treatments have invited the criticism that the fundamental al-
gaenan composition may be altered or contaminated with by-
products, such as Maillard condensation products (44). In the
present study, a 24-h digestion of pressed cell walls from N. gad-
itana at room temperature, first with cellulase and then protease,
left behind what appeared to be a homogeneous preparation of
algaenan-containing outer cell walls (Fig. 2F and G), albeit with
some remaining carbohydrate and protein signatures (Fig. 3).
This enzymatic approach permitted the analysis of a highly en-
riched algaenan preparation without exposure to high tempera-
ture or strongly oxidizing/reducing conditions. Subsequent acid
hydrolysis reduced, if not eliminated, the carbohydrate and pro-
tein signatures in the FTIR but may have created artifacts (dis-
cussed below). However, comparison of the FTIR spectra of the
material before and after acid hydrolysis afforded us the opportu-
nity to separate artifactual features from genuine ones.
The results after cellulase treatment demonstrate the removal
of carbohydrate (and potentially protein) by the sizable reduction
of related FTIR bands, such as those associated with glycosidic
ethers (1,157 cm1) and amides (1,646 cm1). Saponification is
often performed to remove ester-linked fatty acids from crude
algaenan (41, 44, 113); however, saponification followed by acid-
catalyzed methyl esterification (fatty acid methyl ester [FAME]
analysis) on a subset of algaenan preparations did not yield detect-
able fatty acid methyl esters by GC-flame ionization detection
analysis (data not shown). Since there was a clear lack of ester
functionalities in our material, as demonstrated by the FTIR data
and FAME analysis, this obviated the need for saponification in
subsequent sample analysis. The lack of esters is perhaps attribut-
able to the preparatory steps employed, which may have yielded a
material less contaminated (i.e., by membranes) than in previous
work.
Our FTIR data generally support the proposed Nannochlorop-
sis algaenan model of Gelin et al. (78) by confirming the predom-
inance of long-chain methylenic stretches with ether linkages and
few sites of unsaturation. However, there are notable differences
between our two sets of results. First, our data suggest that alcohol
moieties are present and that some of these may bemidchain. The
latter conclusion is drawn from comparing the FTIR spectra be-
fore and after acid hydrolysis of the enzymatically isolated al-
gaenan. After acid hydrolysis, alcohol-related bands at 3,380
cm1and 1,052 cm1 are diminished and trans alkenes become
more apparent with the band at 965 cm1. The disappearance of
the alcohol bands can be attributed, at least in part, to removal of
residual carbohydrates, but the emergence of trans unsaturation
intimates the dehydration of secondary alcohols to form alkenes.
Alternatively, the removal of carbohydrate –OH bands may have
simply unmasked preexisting carbon double bonds. Alcohol
groups were either not observed or were of low abundance in the
algaenan of other studies, but sites of unsaturation were observed
(41, 43, 113). Sites of unsaturation may be derived from dehydra-
tion reactions, since the algaenan in those studieswas isolated only
after severe acid hydrolysis. In addition to finding alcohol groups
in the algaenan material, we observed indications of carboxyl
and/or aldehyde functionalities after acid hydrolysis, neither of
which was identified in the prior study of Nannochloropsis al-
gaenan, although the former was found in the algaenans of fresh-
water algae (41, 43).
Nannochloropsis algaenans appear to bemuch the same biopo-
lymer as the cutan found in drought-resistant land plants, such as
Agave andClivia (45, 113, 116–118). Isolation of cutan from plant
cuticular material is performed in much the same way as classical
algaenan isolation, namely, through solvent extraction and the
application of strong reducing/oxidizing reagents to remove car-
bohydrates, proteins, and free and ester-bound lipids (45, 116–
119). As with the characterization of algaenan, structural determi-
Scholz et al.
1460 ec.asm.org Eukaryotic Cell
 o
n
 January 3, 2015 by W







nations of cutan are uncertain because of study-to-study variation
in isolation procedures and the potential for artifact generation
introduced by aggressive isolation approaches (45, 118, 120).
However, it appears that this material comprises long-chain
(C30) alkanes and alkenes joined by ether linkages and is, thus, at
least an analogue of Nannochloropsis algaenan (45, 121).
Given the structural similarities between cutan and Nanno-
chloropsis algaenan, it is tempting to speculate that similar biosyn-
thetic machinery produces the two compounds. Radiolabeled li-
noleic acid (C18:2) fed to Clivia miniata is incorporated into the
aliphatic residue (i.e., cutan-rich material) of its leaves (118). In-
triguingly, Nannochloropsis produces C18:1, C18:2, and C18:3 fatty
acids, predominantly C18:1, and its algaenan contains long-chain
aliphatics with substitutions at the 18 position (9, 41, 122). A
number of possible algaenan precursors functionalized or unsat-
urated at what would be the 18 position (the nomenclature
changes according to functionalization) have been found inNan-
nochloropsis, including C32:1 alcohols, C32 and C32:1 diols, C32 hy-
droxy fatty acids, C32 dihydroxy fatty acids, and C32 hydoxy ke-
tones (41, 123, 124). This suggests that a C18 fatty acid may either
be elongated or condensed with a similar fatty molecule to pro-
duce C28-C34 algaenan constituents, perhaps by the action of
polyketide synthase(s).
Six polyketide synthases have been identified in silico in the
CCMP 526 genome. Although the functions of these enzymes are
not yet known, we consider these promising targets for future
interrogation in algaenan biosynthesis. Two lack dehydratase and
enoyl reductase modules, and three have fatty acyl-reductase do-
mains, consistent with the synthesis of predominately methylenic
monomers with alcohols/aldehydes for cross-linking. The FTIR
spectra of algaenan indicate few CH3 moieties relative to CH2
moieties, suggesting that a predominately terpenoid pathway to
algaenan biosynthesis is unlikely. Although extensive work re-
mains to characterize the composition and biosynthetic routes to
algaenan and its cross-linking, the methods for algaenan purifica-
tion described here and the availability of multipleNannochlorop-
sis genomes will greatly facilitate such efforts.
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